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Abstract

The effect of ecdysteroids, the steroid hormones of insects (which happen to be the host of nematodes in many cases), on molting of nematodes is long accepted. Mammalian steroid hormones have been shown to affect the labor of nematodes in hosts. In order to examine whether mammalian steroid hormones can have a similar effect on the molting of nematodes, progesterone was applied to female mice infected with Syphacia obvelata. 

The worms were extracted from the mice in different time intervals and compared morphologically. No significant difference was observed among the different developmental stages of the worms, suggesting that progesterone does not have such an effect on molting of Syphacia obvelata. We suggest dissimilarities in molecular pathways have been the main reason for the observed differences between the effects of progesterone and ecdysteroids.
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20Figure 3.1: a) The worm, 40× magnification.  b) Structure of the head: lips, esophagus, upper parts of the intestine and the vulva are shown.  The terminal bulb is not overlapped with the intestine. c) The ovaries are spirally arranged around the intestine. d) The tail: the anus is located far from the tip of the tail.
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1 Introduction

1.1 Nematodes

Nematodes comprise a large and vast group of invertebrates and can be found as plant, animal and human parasites, and free-living.  The nematode infection is so common in the world.  For example, it is reported that 120 million people are at risk of onchocerciasis in endemic areas1.  In 2007, 58.8% of people in a selected region in China were shown to be infected with Trichinella spiralis2.  In 1989, the prevalence of dracunculiasis was reported as 56.9% in western areas of Nigeria, with a gradual spread of the disease to the eastern and southern parts3. In 2000, this rate reached to 55.4% in southern east of Nigeria4.   In 2007, the rate of infection with Enterobius vermicularis was reported as 24% in an area in Turkey.  In Haiti, in 2002, the prevalence of Ascaris lumbricoides, Trichuris trichiura and Necator americanus was 27.3%, 7.3% and 3.8% respectively, among the schoolchildren5. 68% of the children of or under 5 year old from Papua New Guinea, were infected with Ascaris lumbricoides and hookworm (Necator americanus) as well as Strongyloides, in 20046.  Ascaris lumbricoides (52.8%), Trichuris trichura (45.6%), Ancylostoma duodenale (37.6%) and Strongyloides stercoralis (3.2%) had the highest rates of intestinal parasite infection among the schoolchildren of rural areas in Chennai, in 20027.  Therefore, it is important to investigate the ways to control the nematodes.

In order to control the nematode infection, the precise knowledge of its structure, life cycle and physiology, including its reproduction and development is necessary.

1.1.1 Morphology

Nematodes, which are also called round worms, are cylindrical in shape and their size may vary from 1 mm to more than 1 m
.  From exterior to the interior, the body consists of four layers, which include the cuticle, hypoderm, musculature and psuedocoelom. 
The cuticle, which is the white outer covering of the worm, is an elastic material that increases both the resilience and resistance of the worm’s body.  There are some transverse, longitudinal, and oblique lines on the cuticle.  The transverse lines are sometimes deeper, giving the appearance of segmentation to the worm.  However, the worm is not really segmented.  In some species, parts of cuticle thicken and form appendages called alae, which based on the location are called cervical or caudal alae.  Other appendages of the cuticle include amphids, phasmids
 
and papillae.  The males have an organ called copulatory bursa at the posterior end, which as the name implies, is involved in copulation.  Generally, the cuticle consists of three groups of proteins, including (1) collagen-like proteins which require a reducing agent for solubility; (2) non-collagenous proteins which remain insoluble in the presence of both detergents and reducing agents; and (3) surface associated non-collagenous proteins soluble in the absence of reducing agents, and three layers including (1) an outermost epicuticle;(2) an inner external cortical region; and (3) underlying medial and basal layers that are often striated in appearance8,9.

The next layer, the hypoderm, is made of epithelial cells which secrete the cuticle above.  Under the hypoderm is the muscular layer, and in the space between muscular layer and the internal systems, the psuedocoelom is located. The psuedocoelom is a cavity covered internally with a layer of mesenchymal cells, which is filled with a fluid containing nutrients and the secretions of the worm10,11.
1.1.2 Syphacia obvelata

Syphacia obvelata is the common nematode of intestine of laboratory mice.  This is a very small nematode (about 1-4 mm. in length), with a short and simple life cycle.  The life cycle starts with the ingestion of the third stage larvae (L3), which is the infectious stage.  After one hour, the larvae reach to the lower two third of intestine and in two hours to the caecum.  At day 2, a molt occurs and at day 5, the females are inseminated.  They become gravid in nine to ten days and eggs first appear in the perineal region at day 12.  At this time, the females start protruding from anus.  At day 16, the mice become free of migrating females.  Since there is no intermediate host, the cycle is simple and autoinfection may occur12,13.  
Eggs are rarely found in faeces, but when present, they contain a fully developed embryo, showing mouth depression, definite gut and striated cuticle.  The shell shows marked radial striations over the entire surface.   There is a thinner oval area at one end
2 Materials and methods

In order to study the effects of progesterone, Syphacia obvelata was cultured in laboratory mice.  The mice were grouped in four, including:

1. Test group: this group was infected with the worms and received progesterone with a concentration of 2mg/100µl.

2. Sham-operated group: This group was infected with the worms and just received the sesame oil via subcutaneous injection, to check for the possible effects of injections.

3. Control group: This group was infected with the worms, but did not receive any substance via injection to study the normal development of the worms.

4. Naïve group: This group did not receive any injected substance and was not infected to check for the possible accidental infections.

On days of sacrifice, the worms were extracted from one mouse from each group and were compared with each other to examine their developmental stage, possible abnormalities in morphology and cuticle appearance and physical properties.
2.1 Animal Care

The adult female Balb/C mice were kept in separate groups of five, with free access to water and food. Before each round of experiment they were given piperazine to ensure that all the possible existing nematodes are depleted. The piperazine was used with a concentration of 10mg/cc in water for a week, followed by five days of pure water to make sure that the effect of the drug is nullified and the mice can become infected with the eggs. At the day of stopping piperazine and the following days, the mice were given autoclaved food and water to make sure that no infection will happen accidentally. Also, a net was used to avoid the mice from eating their feces. The cages were washed with disinfectants and dried under the sun so that all the possible syphacia eggs die. 

2.2 Injection

At day 4 pre-infection (day 2 after stopping piperazine), the daily injection of progesterone was started and continued for each mice until it was sacrificed. 2 mg of progesterone was dissolved in 100 µl of sesame oil for each injection. 

The injections were done subcutaneously in abdominal area. Before doing the injections, it was made sure that movements of the legs are limited to the less extent. Because the injections were done daily, they were done on right and left legs every other day, giving a chance to the traumatized area to relieve.

2.3 Infection

In order to infect the mice, an already infected mouse was sacrificed and its intestine was excised. The lumen of the intestine was flushed by water using a syringe. The worms were collected and examined under a microscope. The gravid females were kept in water until they laid eggs. Some females didn’t lay eggs, so they were ruptured to take the eggs out. The eggs were collected and each mouse was fed with 50 of them approximately, using a disposable Pasteur pipette. In order to determine the approximate number of the eggs, the eggs were counted in a known volume of water and then the number was multiplied by the total volume. In another approach, mouse chaw was contaminated with water containing eggs and was made available to mice in limited amount to make sure the mice will eat all of it.

2.4 Sacrifice

In days 2, 4, 5, 8 and 12 post-infection, one mouse was selected from each group and was sacrificed. One day before sacrificing, the selected mice were fasted so that the lumen contained fewer materials. In order to fast mice, they were kept on a net so that they couldn’t access their feces to feed on. The net was placed in the cage in a height of approximately 2cm. After sacrificing, the intestine was excised and the lumen was flushed by water so that all the containing came out. To wash the lumen, two different ways were employed: to find the adults and the easily visible larvae, the intestine was cut longitudinally and bathed in water in a Petri dish.  The worms would float in the water and were found easily.  When no worm was found, the intestine was cut into three parts. Each part was flushed separately. One end of the intestine was tightly kept by the left hand using a forceps in a way the opening of that end was completely blocked so the water can not come out. A syringe was filled with water and injected into the lumen and this was done for several times until the whole materials came out. If the material couldn’t come out, they were pushed onward using another forceps before the intestine got so filled that it could burst. After washing the lumen, the intestine was cut longitudinally and bathed in water in a Petri dish. The containing was examined under a microscope and the observations were recorded using a photography microscope. 

2.5 Microscopy

Microscopy was done using an Olympus CX41 system microscope with an Olympus DP20-5E microscope digital camera. Only the objectives 4, 10 and 40 were used.

2.6 Fixation of Nematodes


The nematodes were fixed in three steps: 

1.  Nematodes were placed on a Petri dish. A solvent of 88% stilled water, 10% formaldehyde, 1% glycerin and 1% Acetic acid was heated. When the first bubbles appeared, the solvent was kept for 10-15 seconds to cool and then poured on nematodes all at once. The Petri dish was put in a desiccator which contained 96%alcholhol in the lower part. The desiccator was placed in an incubator for 24 hours in 38°C.

2. After 24 hours, the Petri dish was taken out of the incubator and the solvent was removed by using tissue papers. Afterwards, the second solvent, which was composed of 95% ethanol and 5% glycerin, was poured on the nematodes. Again, the Petri dish was put in desiccator in incubator in 38°C this time for 4 hours.

3. After four hours, the solvent was removed and the third solvent, which consisted of 50% ethanol and 50% glycerin, was poured on the nematodes. This time, the Petri dish was placed out of desiccator but still in incubator in 38°C. It was kept under these circumstances until the ethanol was evaporated and only glycerin left. This took an approximate time of 24 hours.

2.7 Preparation of Permanent Slides


In order to make permanent slides, the slides were cleansed by ethanol and tissue. Paraffin was melted and placed on slide in a circular shape. The fixed nematode was placed in the center of the circle and a coverslip was placed on that. The slide was heated so that the paraffin melted partially and took the space between the slide and coverslip. Thus, the specimen is fully preserved and pressure and subsequent damage to it fine structure is avoided.

3 Results

3.1 The Developmental Stages of the Nematodes:

3.1.1 Day2:

The worms extracted on day 2, had not completed their development.  The vulva was being formed but not completed yet.  A brown plug had covered the vulva in all cases.  The mouth, three lips and esophagus were completely developed, as in adults.  The ovaries were sometimes spirally arranged around the intestine and the digestive tract was fully developed (Figure3.1).
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Figure 3.1: a) The worm, 40× magnification.  b) Structure of the head: lips, esophagus, upper parts of the intestine and the vulva are shown.  The terminal bulb is not overlapped with the intestine. c) The

4 Discussion

The worms of all groups were almost the same in morphology.  In none of the repeats, the larval stages were different in any of the groups.  Therefore, neither the progesterone nor the solvent had any effect on the timing of the molts.

In order to discuss the observed results, we need to examine the mechanism of effects of the hormones at a molecular scale.

Progesterone exerts its effects by two pathways: Genomic pathway which is also known as the classic pathway and non- genomic or non-classic pathway.

4.1 Progesterone: Genomic Pathway

Progesterone classic receptors belong to the superfamily of nuclear receptors and include three isoforms: PR-B which is the full length protein made of a single gene on chromosome 11, q22-23; PR-A which is shorter than PR-B in its N-terminal end; and PR-C which is the shortest of all and acts as an inhibitor of PR-B rather than a functional transcription factor.

If not bound to their ligand, progesterone receptors (PRs) are in association with chaperones including: heat shock protein (HSP) 90, hsp70, hsp40, Hop and p23; When the ligand is present in the environment, it competes with the chaperons for binding to the receptor and by re-structuring it causes the chaperon dissociate from the receptor, giving it the chance to dimerise. The dimerised receptors bind to Progesterone Response Elements (PREs) in the promoter of the target genes and in corporation with coregulators (which include both coactivators and corepressors), interact with the components of the basal transcription machinery to regulate the expression of the target genes. Some PREs are located in the promoters of the genes c-myc, fatty acid synthetase, and MMTV (mouse mammary tumor virus). However, there are some other genes, such as c-fos, progestin epidermal growth factor receptor and cyclin D1, which are regulated by indirect DNA-binding mechanisms, without having PREs in their structure56. 
4.2 Progesterone: Non-genomic Pathway

Progesterone has also been shown to bind membrane bound receptors which exert their effects independent of transcription. These receptors, which include progesterone membrane receptors (mPRs) and progesterone receptor membrane component 1 (PGMRC1) and 2, are not related to nuclear receptor family and the cascade they initiate is totally different from what explained in above. 

The mPRs, (with a molecular weight of approximately 40 kDa) initially discovered in fish ovaries57, comprise at least three subtypes, alpha, beta and gamma and belong to the seven-transmembrane progesterone adiponectin Q receptor (PAQR) family. They are directly coupled to G proteins and typically activate inhibitory G proteins (Gi), to down-regulate adenylyl cyclase activity. This drop in cAMP is correlated with an increase in transcription of MAPK58. This cascade leads to different responses in different cells, namely the activation of cyclin B- CDK1 complex in oocyte, which leads to promotion of cell cycle and its maturation56. In cells with PRs, MAPK phosphorylates the serine residue at position 294 of these receptors. This phosphorylation along with phosphorylation on other residues of the receptors makes them ultra-sensitive to subphysiologic levels (0.1 nM range) of progestin relative to their underphosphorylated counterparts59.  In correlation with this, ser294 has been reported to be a ligand-inducible phosphorylation site60.

Conclusion

Based on the results of this experiment, it can be concluded that progesterone with a concentration of 2 mg/100μ l has no significant effect on molting of Syphacia obvelata. 
However, to assess if mammalin steroidal or steroid-like hormones can effect the molting of nematodes, other experiments with other hormones and maybe on different nematodes will be necessary.
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